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Abstract  20 
In order to predict the fate of chemicals in the environment, a range of 
regulatory tests are performed with microbial inocula collected from 
environmental compartments to investigate the potential for biodegradation. 
The abundance and distribution of microbes in the environment is affected by 
a range of variables, hence diversity and biomass of inocula used in 25 
biodegradation tests can be highly variable in space and time. The use of 
artificial or natural biofilms in regulatory tests could enable more consistent 
microbial communities be used as inocula, in order to increase test 
consistency. We investigated spatial and temporal variation in composition, 
biomass and chemical biodegradation potential of bacterial biofilms formed in 30 
river water. Sampling time and sampling location impacted the capacity of 
biofilms to degrade p-nitrophenol (PNP). Biofilm bacterial community 
structure varied across sampling times, but was not affected by sampling 
location. Degradation of PNP was associated with increased relative 
abundance of Pseudomonas syringae. Partitioning of the bacterial 35 
metacommunity into core and satellite taxa revealed that the P. syringae 
could be either a satellite or core member of the community across sampling 
times, but this had no impact on PNP degradation. Quantitative PCR 
analysis of the pnpA gene showed that it was present in all samples 
irrespective of their ability to degrade PNP. River biofilms showed seasonal 40 
variation in biomass, microbial community composition and PNP 
biodegradation potential, which resulted in inconsistent biodegradation test 
results. We discuss the results in the context of the mechanisms underlying 
variation in regulatory chemical degradation tests.  
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1. Introduction 
There is a vast diversity of chemicals in the environment, which arrive 50 
from industry, agriculture, medical treatment and common household 
products. Many of these chemicals have the potential to exert adverse 
human and ecological health effects (Mnif et al. 2011, Jones et al. 2003, 
Lapertot and Pulgarin, 2006). The persistence of chemicals entering the 
environment is controlled by a range of biotic and abiotic processes, which 55 
together determine environmental concentrations of the chemical and the 
extent to which it is transformed to metabolites (Kowalczyk et al. 2014). For 
most chemicals, biodegradation, mediated by microorganisms, is the main 
factor controlling persistence. In order to predict chemical persistence the 
Organisation for Economic Cooperation and Development (OECD) has 60 
established a tiered series of biodegradation tests (Kowalczyk et al. 2014). 
The first tier ready biodegradability tests are intended as screening 
approaches to gauge if a chemical is rapidly degraded, or has potential to 
degrade, in the environment. These tests utilize a variety of environmental 
materials, such as water and sediments as inocula (Doi et al. 1996; 65 
Reuschenbach et al. 2003; Yuan et al. 2004). Guidelines provide flexibility for 
the inoculum that can be used and its method and time of collection. 
However, it is known that inoculum (i.e. microbial biomass) density is an 
important factor affecting the outcome of chemical biodegradation tests 
(Thouand et al. 1995; Godhead et al. 2014) and in particular, inconsistent 70 
test results may reflect differences in inoculum quality because of temporal 
and spatial variability of microbial community density and diversity within 
environmental compartments (Courtes et al. 1995; Mezzanotte et al. 2005).  
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Microbial communities are subject to seasonal variability due to changes 
in environmental conditions, which shape natural ecosystems and affect 75 
processes occurring in environmental compartments (Bertram, et al. 2001; 
Yunus and Nakagoshi, 2004). In particular, changes in river water volume 
and flow rates (Naudin et al. 2001), temperature (LaPara et al. 2000), light 
penetration (Romaní and Sabater, 1999) and suspended matter (Cébron et 
al. 2007) can impact the composition of microbial communities inhabiting 80 
river water and sediment (Hudon, 1997; Hunt and Parry, 1998; Midwood and 
Chow-Fraser, 2012, LaPara et al. 2000). This can affect chemical 
bioavailability and biodegradation in situ. For example, seasonal variations in 
biodegradation of 2,4-dichlorophenoxyacetic acid (2,4-D) were reported by 
Watson (1977) in river water and sediment, with maximum breakdown 85 
observed during winter flood conditions, probably because of adsorption of 
the chemical onto suspended sediment, where microbial activity was high 
(Nesbit and Watson, 1980). Similarly, seasonal variation in degradation of 
hexadecane, associated with changes in nutrient availability and biofilm 
composition, was reported by Chénier et al. (2003).  90 
As an alternative to the use of natural inoculum, there has been interest in 
generating standardised biofilms for use in chemical biodegradation tests 
(Kowalczyk et al. 2014). Currently, biofilms are used as inocula in some 
OECD tests, such as the biodegradation simulation test guideline OECD 303 
b (OECD, 2005), and bioreactors with biofilms comprising of defined 95 
bacterial strains and mixtures have been applied to study the bioremediation 
of a variety of chemicals, including chlorophenols (Puhakka et al. 1995; Kargi 
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and Eker, 2005), herbicides (Oh and Tuovinen, 1994) and azo dyes (Zhang 
et al. 1995).  
In natural habitats, biofilms typically have high species richness (Sabater 100 
et al. 2007) and density (Singh et al. 2006), show resistance to toxic 
chemicals e.g. antimicrobial agents (Mah and O’Toole, 2001) and recover 
quickly from perturbation (Morin et al. 2007; Proia et al. 2010). Furthermore, 
biofilms support synergistic interactions within communities (Elias and Banin, 
2012), provide microhabitat heterogeneity (Donlan, 2002), and the potential 105 
for genetic exchange (Schwartz et al. 2003), all of which can promote 
chemical biodegradation.  
 For these reasons, use of biofilms in biodegradation tests could provide a 
means of reducing the chance of common test failures described by 
Thouand et al. (1995) and Godhead et al. (2014), by eliminating the 110 
‘biodegradation lottery’ associated with low biomass in regulatory tests 
(Kowalczyk et al., 2014). However, to date, investigations of the potential to 
use biofilm inoculum in regulatory tests has centered on laboratory 
generated inoculum.  
In recent studies we have used a variety of culture dependent and 115 
independent approaches, including DNA-stable isotope probing and 
functional gene markers to identify para-nitrophenol (PNP) degrading 
communities in a UK river, establishing that species of Pseudomonas were 
associated with degradation in samples taken between 2010 and 2013 
(Kowalczyk et al. 2015). In the current study, we investigated temporal and 120 
spatial assembly of in situ river biofilm communities and relationships 
between community composition and biodegradation of PNP, addressing the 
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following questions: (1) how does time affect the composition and 
biodegradation potential of river water biofilms? (2) does spatial location 
affect biofilm composition and degradation potential? and (3) does temporal 125 
and spatial variation in chemical biodegradation kinetics relate to dynamics 
of specific degraders within the biofilm community? 
 
 
2. Materials and methods 130 
 
2.1 Biofilm preparation 
Biofilms were prepared in the River Dene, in Warwickshire, UK 
(52˚11’58.54’’N and 1˚36’44.94’’W). The location is a rural catchment and 
there was no known previous exposure to industrial pollutants, including 135 
PNP. At each sampling time and location, Biofilms were generated on  
polysine glass slides (5.7 x 2.5 cm) (VWR, International) attached to a Hole 
Airbrick (21.0 x 13.5 x 5.0 cm) (Travis Perkins Trading Co. Ltd, UK) with 
cable ties (165 x 2.6 mm) (BHGS Ltd, UK). Each slide had a total surface 
area of 28.5 cm2.11 slides were attached to each brick.  140 
At each sampling time, two bricks with slides were placed on the bed of 
the River 200 m upstream, 200 m downstream and at the effluent discharge 
point of the Wellesbourne Wastewater Treatment Plant (WWTP) 
(52˚11’58.54’’N and 1˚36’44.94’’W). Bricks were left in the river for eight days 
to allow colonisation of the slides by microorganisms and development of 145 
natural river water biofilms. Biofilms grown in this way were collected in 
November 2011, February 2012 and May 2012. 
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2.2 The biodegradation of PNP by river biofilms 
At each sampling time, biofilms collected from each site were used to 150 
determine potential for PNP biodegradation. For each site, triplicate tests 
were set up, consisting of a sterile amber Duran Schott bottle (500 mL) 
(Fisher Scientific, UK) with 300 mL of sterile river water with 2 mg L-1 PNP, to 
which were added three of the Polysine glass slides supporting river water 
biofilms.  155 
Sterile river water was prepared by autoclaving water samples collected 
downstream of the River Dene STP at 121˚C, for 15 minutes, at 1.1 atm. A 
positive control consisted of sterile river water inoculated with the PNP-
degrading isolate Pseudomonas syringae AKHD2 (Kowalczyk et al., 2015), 
grown on LB medium with PNP (56 mg/L) for 48 hours at 25˚C. Sterile river 160 
water was used as a negative control. Additionally for the February and May 
2012 time points, non-sterile river water collected from the effluent location 
was used to compare degradation rates with the biofilm materials. PNP 
(dissolved in water) was added to biodegradation test bottles as a sole 
source of carbon to a concentration of 2 mg L-1. Bottles were incubated in a 165 
controlled environment room with an 18 hour light and six hour dark cycle at 
20±2 °. 
Every two days, a 1 mL aliquot of liquid was taken from each bottle 
and used to determine PNP concentration using HPLC, which comprised a 
Hewlett Packard 1100 HPLC system with a LiChrosphere (5 μm) C-18 170 
column (MerckMillipore, UK). The mobile phase was a mixture of water: 
methanol (HPLC grade, Fisher Scientific, UK) with a ratio of 40:60 (v/v) and 
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the flow rate was 0.50 mL/minute. Analysis was performed with UV detection 
at 254 nm, with column pressure of 115 bar and column temperature at 25 
˚C. The volume of the injected sample was 20 μL and the run time was 13 175 
minutes. HPLC calibration was carried out using concentrations of 2-2000 
μg/L of PNP standards.  
Time to 50 % PNP-degradation (DT50) was calculated using the 
model of best fit to the biodegradation kinetics for each sample, as described 
by Rodriguez-Cruz et al, (2006). Least significant difference (LSD) was used 180 
to determine significant differences in DT50 between treatments using 
GenStat (13th edition, VSN International Ltd.).  
 
2.3 Biofilm biomass 
Extracellular polysaccharide (EPS) was measured as a proxy for 185 
biofilm biomass (Flemming et al. 2007; Underwood and Paterson, 1995). At 
each sampling time and location, biofilm was removed from 3 glass slides 
using a sterile nylon brush and pooled, as described by Deines et al. (2010). 
Soluble carbohydrate was determined by reaction with phenol and H2SO4 
(Dubois et al. 1956) using glucose as a standard. LSD was used to 190 
determine significant differences between treatments.  
 
 
2.4 DNA extraction from biofilms 
Before incubation (T0), after complete PNP biodegradation or when there 195 
was no biodegradation at the end of the incubation (Tend), biofilms were 
harvested from slides in each bottle as described above. The suspended 
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biofilm biomass was collected on a Millipore GVWP04700, (hydrophilic 
Durapore) polyvinylidene fluoride membrane filter (0.22 μm mesh, 47 mm 
diameter) using a vacuum filtration system. Membrane filters with 200 
concentrated biofilm biomass were folded and placed in the bead tubes of 
the Power Water DNA extraction kit (MoBio, UK), before DNA extraction 
according to the manufacturer’s protocol. DNA was extracted from effluent 
location water samples using procedures described in Kowalczyk et al. 
(2015). The DNA concentration was measured using a NanoDrop ND-1000 205 
Spectrophotometer (Thermo Scientific Fisher, UK). 
 
2.5 Quantitative PCR analysis of pnpA gene. 
Our earlier work (Kowalczyk et al. 2015) showed that p-nitrophenol 
degradation in the River Dene is mediated through the Gram-negative 210 
degradation pathway, involving the gene pnpA. Quantitative PCR was used 
to determine the number of pnpA genes in DNA extracted from biofilm and 
effluent water samples prior to and following degradation of p-nitrophenol, 
using approaches described in Kowalczyk et al. (2015). LSD was used to 
determine significant differences between treatments.  215 
 
 
2.6. Microbial community structure  
16S rRNA Terminal Restriction Fragment Length Polymorphism (TRFLP) 
was performed to determine bacterial community structure in T0 and Tend 220 
biofilms and effluent water samples. Procedures described in Kowalczyk et 
al. (2015) were used for PCR, restriction digestion and analysis.  
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2.7  Bacterial community analyses 
Bray Curtis dissimilarity matrices of bacterial communities were generated 225 
from TRFLP data, and visualized using non-metric multidimensional scaling 
(NMDS), with Analysis of Similarities (ANOSIM) used to determine 
significance of differences between samples (Hilton et al. 2013). These 
analyses were performed using Primer 6 software V10.1.12 (PRIMER-E Ltd. 
UK). TRF 245 nt was identified in previous work as a specific marker for 230 
Pseudomonas syringae, which was linked to degradation of PNP in parallel 
studies over the same sampling period (Kowalczyk et al. 2015). Relative 
abundance of TRF 245 nt as a percentage of total fluorescence intensity was 
determined, and Analysis of Variance used to compare differences across 
sampling locations and times.  235 
 
2.8 Analyses of core and satellite taxa 
2.8.1 Analysis of the local community 
Each biofilm bacterial TRFLP profile was treated as a local community. 
Rank-abundance plots were used to determine differences in bacterial local 240 
community structure for each sampling site and incubation time point (T0 and 
Tend). Rank-abundance plots were constructed using the relative abundance 
of each TRF (taxon) The rank-abundance plots were visualized by plotting 
the taxa rank order on the x-axis against relative abundance (log10 
transformed) on the y-axis. For each plot a linear regression model was 245 
fitted, represented by the equation, log10y = a + bx, where a is the intercept 
and b is the slope of the plot. The slope (b) was used as a descriptive 
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statistic to compare community structure (Ager et al. 2010). Linear 
regressions (r2) were calculated using Microsoft Excel, and one-way ANOVA, 
using GenStat13th edition, was used to assess significance between 250 
sampling times and locations.  
 2.8.2 Analysis of the metacommunity  
The two-group core-satellite modeling approach (van der Gast et al. 2011) 
was applied to the bacterial metacommunities to (1) establish whether the 
PNP-degrading Pseudomonas syringae (i.e. TRF 245 nt) was a core or 255 
satellite component, (2) determine whether distribution and persistence of P. 
syringae was affected by sampling date, and (3) investigate how relative 
abundance and distribution of P. syringae correlated with PNP 
biodegradation.  
The TRFs in each biofilm metacommunity were divided into core and 260 
satellite groups by decomposing the overall distribution using the ratio of 
variance to the mean abundance for each bacterial taxon (van der Gast et al. 
2011). The variance to mean ratio, or index of dispersion, is an index used to 
model whether species follow a Poisson distribution, falling between 2.5% 
and 97.5% confidence limits of the χ2 distribution. Bacterial TRFs that 265 
occurred only once in TRFLP profiles were excluded from this analysis, as 
their dispersion in space would have no variance. Poisson distribution tests 
were carried out according to the method described by Krebs (1999). Rank-
abundance plots with core and satellite taxa were visualized by plotting the 
taxa rank order on the x-axis against mean % relative abundance on the y-270 
axis with log10 scale (Rogers et al. 2013). An Excel macroprogram was 
applied to compare the slopes of rank-abundance plots with core and 
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satellite species between metacommunities to determine the significance of 
differences in metacommunity structure between sampling dates and 
incubation time points. Regression analysis, coefficients of determination (r2), 275 
residuals and significance (p) were calculated using Minitab software 
(version 15, Minitab, University Park, PA, USA). 
 
3. Results  
3.1 The biodegradation of PNP 280 
DT50 ranged between 5.5 and 16 days across sampling times and locations. 
No PNP biodegradation (Figure 1) was observed for upstream and 
downstream river water biofilms collected in November 2011, while two out 
of three replicates of effluent biofilm completed PNP biodegradation within 
nine days (Figure 1). There was a significant difference in DT50 between 285 
effluent biofilms collected in November 2011 (16.11 days) and February 
2012 (8.2 days) (Table 1). There were no significant differences in DT50 
between sampling locations in February or May 2012, except effluent water, 
for which DT50 was significantly faster (6.2 days) in May relative to February 
2012 (7.3 days). 290 
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Fig. 1. The biodegradation of PNP in biofilms and river water. 300 
Inoculum collected in a, November 2011; b, February 2012; c, May 2012. 
Average values from  triplicate samples. Error bars show standard error of 
the mean (S.E.M.), n=3. 
 
Table 1. Time to 50 % biodegradation (DT50) of PNP using biofilm and river 305 
water inoculum.  
 
Date Location DT50 
November 
2011 
Upstream ND 
Effluent 16.11(±5.95)a 
Downstream ND 
February 
2012 
Upstream 5.50(±0.00)bc 
Effluent 8.20(±0.00)bc 
Downstream 5.50(±0.00)bc 
Effluent 
water 
7.30(±0.89)c 
May 2012 
Upstream 5.63(±0.03)bc 
Effluent 10.83(±0.63)ba 
Downstream 5.70(±0.03)bc 
Effluent 
water 
6.20(±0.40)b 
Treatments with different letters are significantly different (P<0.05); ± standard error of the mean (S.E.M.); n=3. 
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3.2 Biofilm biomass 310 
Sampling date and location were found to significantly affect the amount of 
biofilm that had developed on glass slides (Table 2). Effluent biofilm had 
significantly lower biomass than upstream and downstream biofilms at all-
time points. Biofilms collected in May 2012 had up to twice as much biomass 
as those collected in November 2011 and February 2012. There was no 315 
significant correlation between DT50 for PNP biodegradation and the amount 
of biofilm biomass on the glass slides at T0.  
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Table 2. Biofilm biomass concentrations. 
 320 
 
Date Sampling 
site 
EPS* as 
glucose 
equivalent 
(μg/L) 
November 
2011 
upstream 251a 
(± 3.80) 
effluent 73.2b 
(± 0.63) 
downstream 252a 
(± 5.70) 
February 
2012 
upstream 227c 
(± 2.21) 
effluent  173d 
(± 9.17) 
downstream 134e 
(± 1.90) 
May 2012 
upstream 668f 
(± 1.26) 
effluent  261a 
(± 0.95) 
downstream 635g 
(± 0.63) 
 18 
Treatments with different letters are significantly different (P<0.05); ± standard error of the mean (S.E.M.), n=3, 
*EPS: extracellular polysaccharide. 
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3.3 Biofilm and river water bacterial community 
3.3.1 NMDS analysis of TRFLP data 
Bacterial TRFLP profiles of river water and river biofilm bacterial profiles 
collected on different sampling dates and locations were compared before 330 
and following degradation of PNP. NMSDS and ANOSIM (Figure 2) revealed 
that the bacterial community structure of river water and biofilms clustered by 
sampling date with significantly different (20 % similarity) profiles for each 
season. There was a significant shift (p<0.001) in the community from T0 to 
post-PNP degradation (Tend), the nature of which was specific to each 335 
sampling time. Location of biofilm sampling site had no significant effect on 
bacterial community profiles and upstream, downstream and effluent biofilms 
clustered together by sampling time.  
 
 340 
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Fig 2. Non-metric multidimensional scaling (NMDS) of bacterial community 
structure prior to and following degradation of PNP across sampling times 
Each symbol shows the mean of 3 replicates. T0, freshly collected 
biofilm/river water; Tend, biofilm/river water after incubation/complete PNP 345 
biodegradation. 
 
3.3.2. Quantitative PCR analysis of the pnpA gene 
There were no significant differences in the copy number of pnpA at T0 or 
Tend between biofilms collected from different sampling points in November 350 
(Figure 3), in which degradation occurred only in which 2 of the 3 effluent 
replicates. However, with the exception of the upstream location in February 
2012, there were significant differences in the number of pnpA genes 
between T0 and Tend biofilms and effluent river water collected in February 
and May, with a 10-100 fold increase following complete PNP degradation. 355 
No correlation was found between pnpA gene copy numbers and the number 
of TRFs detected in biofilms. 
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Fig 3. Copy number of pnpA genes prior to and following PNP degradation, 
across sampling locations and times.  
Figure legend: a, November 2011; b, February 2012; c, May 2012,U, biofilm 
upstream; E, effluent biofilm; D, downstream biofilm; EW, effluent river water. 
Treatments with different letters are significantly different (P<0.05); error bars 365 
show ± standard error of the mean (S.E.M.), n=3. 
 
 
3.4 Core and satellite taxa 
3.4.1 Biofilm metacommunity structure, distribution and persistence of 370 
Pseudomonas syringae 
After dispersion was plotted against the persistence of taxa for biofilm 
metacommunities before and after degradation (SI Figure 1-3 a and b), 
Poisson distributions were fitted to identify core and satellite taxa (SI Figure 
1-3 c and d). Since there was no significant difference in community 375 
composition by sampling location, upstream, downstream and effluent T0 or 
Tend biofilms were pooled together by sampling time for this analysis. The 
taxa which fell below the 2.5% confidence limit line were identified as 
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randomly distributed satellite species. Taxa above the 2.5% confidence limit 
line were considered non-randomly distributed core species. It appeared that 380 
P. syringae was a core taxon at T0 in the November and February biofilm 
metacommunities but was a satellite taxon in the May T0 metacommunity 
(Fig 4). After the biodegradation of PNP (Tend) P. syringae remained a core 
taxon in February 2012, but became the most abundant taxon, and similarly 
in May it increased enormously in relative abundance following 385 
biodegradation, to become the second highest taxon by relative abundance. 
In November 2011, the persistence of P. syringae decreased after incubation 
with PNP and shifted from being a core to a satellite taxon.  
 
 390 
Supplement Fig. 1. Distribution and dispersal of bacterial taxa in biofilm 
communities in November 2011.  
The number of biofilm TRFLP profiles for which each bacterial TRF (taxa) 
was observed, plotted against the mean abundance (log10 scale) across all 
TRFLP profiles a, before incubation (T0) (r2= 0.29; F1,32=12.57 ; P<0.0001), 395 
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and b, after complete PNP biodegradation (Tend) (r2= 0.60; F1,35=51.57 ; 
P<0.0001). c, d random and non-random dispersal of TRFs from biofilm 
TRFLP profiles before and following PNP degradation respectively (P. 
syringae highlighted in green). Dispersal visualised by decomposing the 
overall distribution using an index of dispersion based on the ratio of 400 
variance to the mean abundance for each bacterial TRF from analysed 9 
TRFLP profiles. The line depicts the 2.5% confidence limit for the χ2 
distribution. The 97.5% confidence limit was not plotted, as no taxon fell 
below that line. 
 405 
 
Supplement Fig 2. Distribution and dispersal of bacterial taxa in biofilm 
communities in February 2012. 
The number of biofilm TRFLP profiles for which each bacterial TRF (taxa) 
was observed, plotted against the mean abundance (log10 scale) across all 410 
TRFLP profiles a, before incubation (T0) (r2= 0.55; F1,32=37.52 ; P<0.0001), 
and b, after complete PNP biodegradation (Tend) (r2= 0.51; F1,54=54.91; 
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P<0.0001). c, d random and non-random dispersal of TRFs from biofilm 
TRFLP profiles before and following PNP degradation respectively (P. 
syringae highlighted in green). Dispersal visualised by decomposing the 415 
overall distribution using an index of dispersion based on the ratio of 
variance to the mean abundance for each bacterial TRF from analysed 9 
TRFLP profiles. The line depicts the 2.5% confidence limit for the χ2 
distribution. The 97.5% confidence limit was not plotted, as no taxon fell 
below that line. 420 
 
 
 
Supplement Fig 3. Distribution and dispersal of bacterial taxa in biofilm 
communities in May 2012. 425 
The number of biofilm TRFLP profiles for which each bacterial TRF (taxa) 
was observed, plotted against the mean abundance (log10 scale) across all 
TRFLP profiles a, before incubation (T0) (r2= 0.50; F1,80=78.10 ; P<0.0001), 
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and b, after complete PNP biodegradation (Tend) (r2= 0.23; F1,76=22.04 ; 
P<0.0001). c, d random and non-random dispersal of TRFs from biofilm 430 
TRFLP profiles before and following PNP degradation respectively (P. 
syringae highlighted in green). Dispersal visualised by decomposing the 
overall distribution using an index of dispersion based on the ratio of 
variance to the mean abundance for each bacterial TRF from analysed 9 
TRFLP profiles. The line depicts the 2.5% confidence limit for the χ2 435 
distribution. The 97.5% confidence limit was not plotted, as no taxon fell 
below that line. 
 
 
Analysis of slopes of rank-abundance plots (SI Table 1, Figure 4) 440 
revealed significant differences (p<0.001) between the T0 and Tend 
metacommunities. Shifts in the November and February metacommunities 
were observed with increasing slopes between T0 and Tend from b=-0.0426 to 
b=-0.0356 (p<0.0001) in November, and from b=-0.0386 to b=-0.0221 
(p<0.0001) in February. This indicates a more even community structure 445 
after PNP biodegradation. However, in May the biofilm metacommunity 
became more heterogeneous since the slope changed between T0 and Tend 
from b=-0.0155 to b=-0.0177 (p<0.0001). The data indicate increased 
relative abundance of P. syringae following degradation of PNP in February 
and May biofilms, but not in those from November.  450 
 
Supplement Table 1. Comparison of slopes of metacommunity rank-
abundance plots prior to and following PNP degradation.  
 25 
Rank-
abundance 
plot 
F-value Slope (b) P-value r2 
November T0 F1,31=315.78 -0.0426a <0.0001 0.91 
 
November Tend F1,34=266.61 -0.0356b <0.0001 0.89 
 
February T0 F1,31= 165.96 -0.0386ac <0.0001 0.84 
 
February Tend F1,53=1176.32 -0.0221d <0.0001 0.96 
 
May T0 F1,79=1362.73 -0.0155e <0.0001 0.95 
 
May Tend F1,75 =452.11 -0.0177f <0.0001 0.86 
 
Treatments with different letters are significantly different (P<0.05); n=3. 
 455 
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Fig 4. Rank-abundance plots of core and satellite taxa in biofilms at prior to 
and following PNP degradation at different sampling times 
Figure legend: a, and b are November T0 and Tend; c, d are February T0  and 460 
Tend; e and f are May T0 and Tend. T0, freshly collected biofilms; Tend, biofilms 
after complete PNP biodegradation. The relative rank positions of core group 
(closed diamonds), satellite group (open circles) and Pseudomonas syringae 
(highlighted in green) are given. Each plot has been fitted with a slope. 
 465 
4. Discussion 
In the current study we have demonstrated that the major factor determining 
microbial community composition of in situ biofilms and river water was 
sampling time, with minor differences between sampling locations. Biofilms 
taken at different sampling times had different potential for chemical 470 
biodegradation, with higher biodegradability potential observed for inocula 
collected in February and May 2012 in comparison with inocula sampled in 
November 2011. Significantly, differences in PNP degradation between 
sampling locations were identified in November 2011, with 2 of the 3 
locations showing no potential for biodegradation. 475 
River biofilm communities are known to show considerable spatial and 
temporal variation associated with seasonal variation in water characteristics 
(Anderson-Glenna et al., 2008). Brümmer et al. (2000) reported clear 
seasonal peaks of abundance among major phylogenetic groups of bacteria 
in a polluted river over an annual cycle. Similarly, Böckelmann et al. (2000) 480 
described a reduction of metabolic activity of microbial communities of 
aggregates of phototrophic and heterotrophic microorganisms in the Elbe 
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River, from summer (August) to winter (December) for both, free-living and 
surface associated bacterial populations. Seasonal changes in biofilm 
community structure and function may have implications for chemical 485 
biodegradation. Palmisano et al. (1991) found lower first-order rate constants 
for 2,4D mineralization in river biofilms collected in the winter relative to the 
summer. Furthermore, Chénier et al. (2003) showed that hexadecane 
biodegradation potential of biofilm grown in bioreactors from river water 
inoculum depended on season. River water collected in autumn generated 490 
biofilm with greater mineralization potential than material from other seasons.  
Variability in the biomass and diversity of inocula used in OECD 
biodegradability tests has been identified as the main reason for test failures 
and the inconsistency of test results (Courtes et al. 1995; Mezzanotte et al. 
2005). Efforts have been made to standardize microbial inocula prior to 495 
biodegradation testing (e.g. increasing microbial biomass via filtration or 
centrifugation) and several pre-adaptation strategies have been developed 
(e.g. semi-continuous pre-exposure procedure) (Toräng and Nyholm, 2005). 
Although increases in inoculum biomass and pre-adaptation of inocula is 
known to increase the probability of chemical degradation, inoculation with 500 
high amounts of microbial biomass may still fail to degrade the chemical 
(Kool, 1984; Szabó et al. 2007; Thouand et al. 2011). 
Com 
A ‘biodegradation lottery’ has been suggested by several authors as the 
main reason for test failures, due to uneven distribution of specific degraders 505 
within aliquots of inoculum used in biodegradation tests (Thouand et al. 
2011). Alternatively, microbe-microbe interactions which prevent proliferation 
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of a degrader could also contribute to test failures.  In our study, pnpA genes, 
which encode 4-nitrophenol 4 monooxygenase, the first enzyme in the Gram-
negative pathway for PNP degradation, were found in all samples, including 510 
those from November 2011, in which no degradation of PNP was detected. 
P. syringae was previously reported by (Kowalczyk et al. 2015) as a PNP 
degrader. Sequencing of both 16S rRNA genes and pnpA genes indicated 
that PNP degraders present in river water samples belong to Pseudomonas 
spp. Similarly, community analysis indicated that a ribotype indicative of P. 515 
syringae, identified as the key PNP degrader in samples from this river in 
earlier work (Kowalczyk et al. 2015) was present in all samples irrespective 
of whether they subsequently degraded PNP.  
Test failure arising from a biodegradation lottery because of an uneven 
distribution of degraders between biodegradation tests would be indicative of 520 
degraders showing low abundance and persistence, and thereby being 
members of the satellite community, However, our results show that the P. 
syringae ribotype was a satellite taxon in February 2012, yet proliferated 
across all samples following PNP degradation to become the most abundant 
taxon. In contrast, in November 2011 and May 2012, the P. syringae ribotype 525 
was a core component of the community, yet it only proliferated in the May 
samples, with degradation rates across all locations similar to the February 
samples. However, despite being a core community component in the 
November 2011 samples, it’s taxa rank was 18, compared to 1 and 2 in the 
February and May 2012 samples, respectively. 530 
Differences in biodegradation of PNP by biofilms at different time points 
could be due to a variety of mechanisms. Failure of PNP degraders to 
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proliferate could result from microbe-microbe interactions, which may be 
competitive or synergistic. For example, the persistence of specific 
degraders in the community may require the presence of other bacterial 535 
species to provide cofactors required for growth (Bending et al., 2003). 
Therefore, microbial interactions within inoculum could determine the 
proliferation of specific degraders in microbial populations thereby impacting 
the outcome of biodegradation tests. McGenity et al. (2012) reported that a 
network of direct and indirect interactions within and between species is 540 
observed in the presence of hydrocarbons in marine environment. Some of 
the key cooperative interactions may include consumption of metabolites, 
biosurfactant production, provision of oxygen and fixed nitrogen. Microbial 
consortia are known to have better ability to degrade complex pollutants than 
single strains (Hoskeri et al. 2014; Rahman et al. 2002). Greater resolution of 545 
the biofilm composition and organisation such as studying matrix 
composition, viable cell number and localization of degraders (Pantanella et 
al. 2013) could help explain seasonal differences in biodegradation potential.  
However, in the case of degradation of PNP, which is typically a readily 
degraded chemical, no such synergisms have been identified (Kowalczyk et 550 
al. 2015), suggesting that competitive interactions could have contributed to 
test failures. 
Approaches to profile complex microbial communities continue to evolve, 
and metagenomic, metaproteomic and metatranscriptomic tools are 
becoming increasingly accessible. They allow detection of unculturable 555 
microbes and link their presence to environmental processes, including 
 30 
chemical degradation, without biases associated with PCR primers (Fang et 
al. 2013; Kowalczyk et al. 2015).  
In conclusion, river collected biofilms showed considerable seasonal 
variation in biomass, microbial community composition and PNP 560 
biodegradation potential, and there was also evidence that location at which 
the biofilm was grown affected biodegradation outcome. These 
characteristics may limit the usefulness of field grown biofilms as inocula for 
biodegradation tests. However, our data show that biodegradation test 
failures could arise from microbe-microbe interactions rather than a failure of 565 
inocula to contain specific degraders or genetic potential for biodegradation. 
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